We report on the incorporation of adaptive optics (AO) into the imaging arm of a selective plane illumination microscope (SPIM). SPIM has recently emerged as an important tool for life science research due to its ability to deliver high-speed, optically sectioned, time-lapse microscope images from deep within in vivo selected samples. SPIM provides a very interesting system for the incorporation of AO as the illumination and imaging paths are decoupled and AO may be useful in both paths. In this paper, we will report the use of AO applied to the imaging path of a SPIM, demonstrating significant improvement in image quality of a live GFP-labeled transgenic zebrafish embryo heart using a modal, wavefront sensorless approach and a heart synchronization method. These experimental results are linked to a computational model showing that significant aberrations are produced by the tube holding the sample in addition to the aberration from the biological sample itself.
INTRODUCTION The Selective Plane Illumination Microscope (SPIM)
1 is an attractive imaging modality due to its ability to deliver high-speed, optically sectioned, time-lapse microscopy images from deep within certain in vivo samples. Compared to other optical sectioning microscopy techniques used for the same application such as Multi-Photon Fluorescence Microscopy (MPFM), SPIM offers the advantages of being able, simultaneously, to spatially and temporally resolve biological processes. The high spatial resolution is obtained by the use of light sheet illumination, selectively exciting a section of the sample at the focal plane of an imaging microscope objective (see Fig.  1 ). As a result the out of focus part of the sample is not illuminated thus producing optically sectioned images with high axial resolution whilst minimizing phototoxicity and photobleaching effects. The temporal resolution with SPIM is due to it being a widefield imaging technique. Whereas for beam scanned confocal and MPFM the image is slowly acquired by scanning a excitation point over the Region of Interest (ROI), SPIM requires just a single acquisition to form a full image of an optical section. In addition, its high penetration depth in suitable samples, and the relatively low power required to excite the fluorophore makes it minimally invasive and hence, the perfect choice for imaging living zebrafish embryos up to a few millimeters in size. 2 For more than a decade the zebrafish has been used as a model for human disease 3 and the development of organs such as the heart, 4 and a first choice candidate for drugs testing. 5 From an imaging perspective the fish remains relatively transparent during its development and transgenic fish can be generated in which fluorophores are produced specifically targeted to a single biological process or cell type. Our interest is in the imaging of the heart, which is further complicated by the fact that it is moving. In previous work we have shown that we can acquire a 3 dimensional reconstruction of a live beating fluorescently-labeled heart using SPIM, using real-time optical gating to record a z stack of images all at the same phase in the heart cycle.
6, 7
The live imaging of such large samples has forced biologists to rethink the way of holding the specimen without introducing mechanical components or optical surfaces into the light path, and at the same time allowing full imaging access to the specimen by rotation around the vertical axis. The sample is usually placed in a waterfilled chamber. Two main techniques have been extensively used to hold the specimen consisting in embedding it in an aqueous transparent gel (low melting point agarose) or by placing it in a confining container (generally agarose, 8 borosilicate glass capillary or polymer tubing 9 ). The use of a high numerical aperture (NA) water Figure 1 . Schematic of SPIM. The top view represents the SPIM from a point of view placed in the microscope plane, and the bottom view shows the SPIM seen from the top. The excitation beam is shaped to a light sheet using a cylindrical lens. The line of focus formed by the cylindrical lens is positioned at the back aperture of the illumination microscope, allowing a perfect collimation of the light sheet along the axis perpendicular to the line of focus. On the other axis of the cylindrical lens with no optical power, the incoming plane wave of the excitation beam is left unchanged and is then focused by the illumination objective in the image plane. The imaging objective is placed at 90
• to the illumination axis, and collects the fluorescence light emitted by the sample.
immersion objective lens enables higher resolution and lower exposure times (necessary to temporally resolve biological processes) but leads to higher sensitivity to optical aberrations.
In conventional epi-fluorescence microscopy, the sources of microscope aberrations have been discussed 10, 11 and quantified.
12 Several methods and strategies for correcting for them using adaptive optics (AO) have also been presented for different types of fluorescence microscope such as confocal, 13, 14 two-photon and harmonic, 15, 16 CARS, 17 and SPIM 18 either with a wavefront sensor or in sensorless configuration. A sensored configuration can be more complex in its optical set-up, and challenges associated with generating a guide-star currently limits its usefulness. As a result, most work on microscope AO has involved sensorless AO, where algorithms are employed to determine the optimal shape of the deformable mirror through an iterative process, with the help of a metric related to the image quality. The fluorescence intensity 13, 15-17 is a good representation of the system optical quality in scanning devices. More elaborate metrics can also be employed on an extended object. 18, 19 However, such iterative methods, which imply a large number of image acquisitions are, in general, relatively slow. An optimization scheme based on modal wavefront decomposition has been proposed 13, [18] [19] [20] which noticeably reduces the number of iterations. In SPIM, solutions such as post-processing deconvolution 21 or structured illumination 22 have been implemented to improve the contrast and resolution. Unlike non-linear microscopy where aberrations along the excitation path predominately influence the resolution, in SPIM aberrations on both excitation and emission arms impact the resolution. In this paper, we use sensorless AO on a SPIM for correcting the emission path aberrations, using a scheme conceptually based upon Refs. 13, 18 Two types of sample holders are considered in this paper:
1. A high optical quality glass pipette whose refractive index is however significantly different from the water.
In this case, the system aberrations are increased by this refractive index mismatch.
2. A polymer tube (FEP tube) whose refractive index is similar to water. In this case, the sample holder aberrations are removed, leaving only the distortion created by the sample itself. 
SOURCE OF ABERRATION IN SPIM
The wavefront distortion created by a refractive index mismatch at a planar interface between two media of different refractive index has been analytically modeled and discussed. 23 This planar geometry, with no azimuthal variations, leads to symmetrical aberration varying with depth and aperture and is well suited to conventional microscopy where the sample is placed between a slide and a coverslip. The situation is different in SPIM where cylindrical sample containers are commonly used. This is shown schematically in Fig. 2(a) .
In SPIM, and more generally in a light sheet microscope, there are two contributions:
• On the emission path: the fluorescence light, emitted by the sample fluorophore, travels through the sample and sample holder. The samples contribution is not easily predicted since it depends on the sample shape, size, orientation, and structure. However, if the sample holder geometry is well defined, it can be modeled and its contribution to the global wavefront distortion computed with a raytracing package. In the following we will consider a cylindrical borosilicate tube (parameters = 0.25mm, R=0.5mm, n 1 =1.3334, n 2 = 1.47, d = 0.5mm), such as the one we will use later in the experiment. For this particular sample container, a Zernike decomposition of the aberration at the center of the tube is given on Fig. 2(b) for the first 12 modes. The two main aberrations are astigmatism (mode (2, 2)) and defocus (mode (2, 0)). The defocus aberration created by the refraction within tube is shown on Fig. 2(a) in green. The non-deflected rays are shown for comparison in black. The rays deviation created by the astigmatism is not shown.
• On the illumination path: the light sheet, normally coplanar to the imaging plane of the microscope, can be deflected by the sample or the tube. As a result, the light sheet is shifted ahead or behind of its ideal location, leading to a perceived defocus aberration on the emission path. This is illustrated, on Fig. 2(a) , with the blue rays. This effect is, of course, amplified at the edge of the tube.
Similarly to the aberration changing with depth in a planar interface leading to depth aberration, here with the cylindrical tube both defocus and astigmatism depend on the position within the tube. The variation in astigmatism within the tube section is represented on Fig. 3(a) . The increasing depth (z axis) is from the left to the right as represented on Fig. 2 . Astigmatism increases significantly at the top and the bottom edges where the imaging beam is traveling through highly inclined surfaces. Defocus, shown in Fig. 3(b) , is the result of the refraction in the glass tube wall (top left Figure) on the imaging path and a distortion effect on the light sheet due to the cylinder curved surface resulting in an axial shift along the emission path which is perceived as a defocus (top right Figure) . Both effects are combined here by taking the difference and the result is represented on the bottom figure. The defocus on the imaging path (top left of Fig. 3(b) ) increases at the top and bottom of the tube, because the effective thickness of the glass, as seen by the imaging beam, is also increasing. This illumination induced defocus (top right of Fig. 3(b) ) is null at the center of the tube, where the illumination beam is not laterally deviated. However, this effect is maximized at both edges (left and right of the cross section), where the light sheet beam travels through highly inclined surfaces.
Once the sample holder induced aberrations have been modeled, they are then compared with a measurement performed on the optical set-up represented on Fig. 4(a) with 2µm fluorescent beads embedded in low concentration agarose (0.5%). The beads were then placed in a borosilicate tube and scanned in depth at 20µm intervals, from the front to the back of the pipette. The images were corrected using the wavefront sensorless algorithm and the resulted wavefront was calculated. Fig. 4(b) compares the simulated (green plots) and measured astigmatism amplitude, in blue, and focus amplitude, in red, with depth. The error bars reflect the uncertainty in the modal coefficient measurement. For both astigmatism and defocus, there is a good fit between the measurement and the simulation. As expected with the glass pipette, the astigmatism is the main aberration, reaching a maximum (1.6 λ RMS) at the centre of the cylinder. The simulation of the defocus variation with depth takes into account the two effects as described earlier. Both dashed green lines on Fig. 4(b) correspond to the profile defined by the white line on Fig. 3. 
OPTICAL SET-UP
The AO SPIM is represented in Fig. 4(a) . A water filled chamber encloses the excitation and emission objectives as well as the sample, held in a borosilicate tube (inner diameter: 1mm, outer diameter: 1.5mm and optical 
DYNAMIC CORRECTION OF ABERRATION IN A LIVE ZEBRAFISH HEART
The fluorescent beads used for the aberration measurement were replaced by a four-day-old Zebrafish embryo, expressing green fluorescent protein within its cardio-myocytes tg(myl7:gfp). The embryo was lightly anaesthetised with ethyl 3-aminobenzoate methanesulfonic acid (Tricaine T M ) and placed either in a borosilicate glass tube or in a FEP tube. AO Optimizations were performed in both cases. When imaging a live, moving heart, each frame received on the camera contains different details, and the associated metric measurement follows a periodic variation based on the heart period. The metric variation is plotted in blue on Fig. 5(a) over 5 cycles. The metric oscillation ranges over 40% and these variations can also be interpreted as changes in the level of blur. Its minimum and maximum correspond to the extreme positions of the heart, either left ventricle contracted (Fig. 5(b) ) or expanded (Fig. 5(c)) . It is not possible to distinguish these changes from changes in image sharpness due to aberrations, making optimization-based AO impractical. However, this problem can be addressed with the help of real-time heart synchronization (HS) techniques, which allow a controlled image acquisition at a specific position in the heart cycle.
Our HS technique has been discussed in detail in Refs.
6, 7 A free running monitoring camera (with high frame rate) monitors the heart cycle using a bright field illumination. The PC processes the data and predicts the moment when the heart will be in the correct position within the cycle. Using a FPGA timing controller a trigger pulse is then sent to the excitation laser and fluorescence-imaging camera. An image is then acquired at this correct cycle phase and the DM shape adjusted. Due to the relatively slow heart period (about 200 ms), the system has enough time within a period to compute the next required mirror shape and apply it to the mirror. By the time the new trigger pulse is emitted, the PC will have ensured that the mirror shape has been correctly applied and is stable. With synchronization activated (green plot on Fig. 5(a) ), the periodic pattern has disappeared and the metric varies by less than 2%. The 2% residual variation is mainly due to timing jitter caused by moving blood cells in the brightfield camera images. This residual variation can become a limiting factor while correcting low level of aberration and the choice of an appropriate metric has to be carefully made since different metrics present different degrees of sensitivity to image content. Through the use of heart synchronization we are thus able to obtain a sequence of images where the underlying features are constant, thereby ensuring that any change in metric value is entirely due to the effects of the changing mirror shape, rather than being contaminated by sample motion. In this way we are able to perform image optimization in a periodically moving sample where otherwise it would not be possible. Fig. 6 shows the before and after optimization images obtained when the fish was placed in a borosilicate tube. The modal optimization was based on the first 12 Lukosz modes 19, 24 (tip & tilt, focus excluded). The achieved correction measured on the mirror with the wavefront sensor, is composed again of a mix of astigmatism (1.8 λ RMS) and defocus (2.1 λ RMS). The white square represents the ROI on which the optimization has been performed. Fig.7 shows the before (left) and after (right) optimization images of a live heart section in a FEP tube. The aberration is mainly composed of defocus (1.5 λ RMS), which is most likely induced by the ovoid shape of the fish heart. The light sheet was first manually adjusted to be coplanar to the image plane of the microscope objective when imaging the top of the heart, and this adjustment was left unchanged while moving deeper into the heart at a depth of approximately 50µm where the optimization on Fig. 7 was performed.
CONCLUSION
Aberrations associated with cylindrical borosilicate tube in a SPIM imaging modality have been analyzed, simulated and compared with experimental measurement showing a good agreement. The aberration due to such geometry is mainly composed of astigmatism and defocus. We showed that distortion effects of the light sheet contribute to defocus on the imaging path. This effect can be problematic in term of image quality while performing a z-scan through a sample, because the light sheet position is shifted by varying amounts at different axial positions, hence, introducing a different and unpredictable level of defocus. One solution is to readjust the light sheet position for each depth, but we have shown how AO can be used, which has the further advantage of correcting aberration on the imaging path as well. We have demonstrated wavefront sensorless modal AO correction to obtain images of the live, beating zebrafish heart, using heart synchronization to decouple sample motion from image sharpness variations. Corrected images of the heart have been achieved when the sample was placed in a glass tube, generating high level of system aberration, but also in refractive index matched FEP tube, where sample aberrations dominate. Finally, we note that the residual motion of the image defines the limit to the accuracy of a metric-based AO system, which is also sensitive to image motion. This becomes problematic for weak aberration where the metrics variation caused by the aberration is similar to the one caused by the changes in the image content.
